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Abstract The atomic force microscope has been used to
investigate microtubules and kinesin decorated micro-
tubules in aqueous solution adsorbed onto a solid sub-
strate. The netto negatively charged microtubules did
not adsorb to negatively charged solid surfaces but to
glass covalently coated with the highly positively
charged silane trimethoxysilylpropyldiethylenetriamine
(DETA) or a lipid bilayer of 1,2-dipalmitoyl-3-di-
methylammoniumpropane. Using electron beam depos-
ited tips for microtubules adsorbed on DETA, single
protofilaments could be observed showing that the res-
olution is up to 5 nm. Under conditions where the silane
coated surfaces are hydrophobic, microtubules opened,
presumably at the seam, whose stability is lower than
that of the bonds between the other protofilaments. This
led to a “sheet” with a width of about 100 nm firmly
attached to the surface. Microtubules decorated with a
stoichiometric low amount of kinesin molecules in the
presence of the non-hydrolyzable ATP-analog 5'-
adenylylimidodiphosphate could also be adsorbed onto
silane-coated glass. Imaging was very stable and the
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molecules did not show any scan-induced deformation
even after hundreds of scans with a scan frequency of
100 Hz.
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Introduction

Since its invention in 1986 the atomic force microscope
(AFM) (Binnig et al. 1986) has become a widely used
instrument for biological applications. Living cells have
been imaged (Radmacher et al. 1992; Fritz et al. 1994;
Hoh and Schoenenberger 1994) and mechanical proper-
ties of intact platelets have been observed (Radmacher
et al. 1996). Also, imaging of two-dimensional crystals of
proteins became possible: gap junctions have been re-
solved in aqueous solution (Hoh et al. 1993) as well as
bacteriorhodopsin (Miiller et al. 1995b). Other molecules
like DNA could be observed with a resolution down to
the helix turn (Bezanilla et al. 1995). Imaging single
randomly distributed protein molecules physically (Yang
et al. 1993) or chemically (Karrasch et al. 1993) bound to
a surface has been challenging because of the relatively
high lateral forces on the soft material. A new imaging
mode, the tapping mode in liquids (Hansma et al. 1994),
has been invented and made it possible to image single
protein molecules in buffer solution. Actin filaments
(Fritz et al. 1995b) and microtubules (Fritz et al. 1995a)
could be investigated with high resolution. Moreover,
even dynamical aspects of enzymes could be shown: the
degradation of DNA molecules loosely adsorbed on mica
(Bezanilla et al. 1994) and the activity of lysozyme mol-
ecules during hydrolysis of their substrate (Radmacher
et al. 1994). This shows that the AFM opened a new field
to investigate biological molecules: the investigation of
biological samples with high resolution in their natural
environment, which is the aqueous solution. We show
here that AFM operated in tapping mode in liquid is
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capable of resolving single cytoskeletal proteins in buffer
solution with a resolution of about 5 nm.

Microtubules are protein polymers which form long,
stiff rods in cells and act in this conformation as “rail-
ways” for motor proteins like kinesin, dynein or ncd
(for an overview, see Hyams and Lloyd 1994). They are
required for various processes like the separation of
genetic material and intracellular transport. They are
dynamic structures, permanently undergoing processes
like assembly and disassembly. Reconstituted microtu-
bules consist of 13—18 protofilaments, depending on the
buffer conditions (Brinkley 1997). In living cells, mic-
rotubules consist of 13-14 protofilaments forming a
hollow cylinder with an outer diameter of about 30 nm.
The elongated protofilaments bind to each other,
forming the hollow cylinder. The axial shift between
adjacent protofilaments is 0.92 nm for a 13-protofila-
ment microtubule and 0.86 nm for a 14-protofilament
microtubule. In these protofilaments the tubulin
monomers consisting of «- and f-subunits, each with a
relative molecular mass of about 50 kDa, are bound to
each other in a head-to-tail-like fashion, each subunit
having a diameter of about 4 nm. Thus a tubulin
monomer is a small rod of § nm in length and 4 nm
width. The surface lattice of the microtubules shows a
helical structure with a 3-start helix, 13 protofilaments
and a B-lattice (Mandelkow et al. 1986). This means
that there is a discontinuity in the microtubule lattice
called a ‘“seam” (Mandelkow et al. 1986; Metoz and
Wade 1997; Wade and Hyman 1997). The stability of
the seam is lower than that of the bonds between the
other protofilaments. We show here that under certain
conditions the microtubules remain as hollow cylinders
at the surface. At the very end of microtubules, where
the upper part of the cylinder is broken, we can image
the inside of the microtubule showing that it is rougher
than the outside. Interaction forces between microtu-
bules and a hydrophobic surface lead to microtubule
“sheets” lying flat on the surface. The microtubules may
open, presumably at the seam, and adsorb as a flat
“sheet” on the solid support.

Kinesin molecules are motor proteins consisting of
two head domains, an a-helical coiled stalk and a tail
domain which can bind to a load. It is a plus-end di-
rected motor protein, a microtubule-activated adenosine
triphosphatase (ATPase) (Bloom and Endow 1994;
Hirokawa 1998). The 380 kDa kinesin molecule consists
of two 120 kDa heavy chains and two 64 kDa light
chains which constitute the fan-like end where the load
can bind (Vale et al. 1985; Bloom et al. 1988). The head
or motor domain has a size of about 6 x 3.5 x 3 nm
and the total length of kinesin is 80 nm. These motor
domains bind to microtubules and carry a load at the
tail group as membrane-bound compartments filled with
freshly synthesized material from the nucleus. As it is
moving along a microtubule, steps of 8 nm have been
measured using optical tweezers (Svoboda et al. 1993;
Block 1997). This is consistent with the length of a
tubulin monomer («- and S-subunit) in the microtubule.

It has been shown that the kinesin head is spread over
both subunits but is more concentrated over one subunit
(Hirose et al. 1995; Kikkawa et al. 1995), which is the
p-tubulin (Hoenger et al. 1998). The stoichiometry is
one head bound to one tubulin heterodimer (Thor-
miéhlen et al. 1998). We show here that AFM can ob-
serve microtubules decorated with kinesin molecules
with a resolution up to 5 nm. All images shown were
acquired in aqueous solution.

Measurements with the AFM are prone to an artifact
called “‘tip broadening” which is due to the finite size of
the tip. The broadening of a structure by the imaging tip
depends on the geometry of the tip (see text of Results
and discussion section and Fig. 3). The dimensions of
the molecules measured by other methods like X-ray
diffraction, electron diffraction or electron microscopy
are given in Table 1 (Wade and Hyman 1997; Hoenger
et al. 1998).

Materials and methods

Preparation of the silane and lipid-coated
solid support

Glass cover slips (Plano, Wetzlar, Germany), 13 and 11
mm in diameter, were cleaned thoroughly before coating
them with silane. First they were incubated for 2 h in
Piranha solution (70% concentrated H,SO4, 30%
concentrated H->O5), then they were rinsed several times
with deionized water (MilliQ, Millipore System, Eugene,
Ore., USA) and three times ultrasonicated in deionized
water for 3 min. They were silanized with trimethoxy-
silylpropyldiethylenetriamine (DETA, United Chemical
Technologies, Bristol, Pa., USA); 1% DETA was hy-
drolyzed in 1 mM acetic acid for 5 min. The cover slips
were immersed in this solution for 2 min, rinsed in de-
ionized water and sonicated for 2 min. Finally, they were
dried and cured for 15 min at 150 °C. The DETA sur-
face has a hydrophilic appearance. DETA surfaces be-
come hydrophobic after about 4 weeks of storage. This
type of surface is called “outdated DETA” here.

For the lipid-coated solid support a vesicle suspension
of the lipid 1,2-dipalmitoyl-3-dimethylammoniumpro-
pane (DPDAP, Avanti Polar Lipids, Birmingham, Ala.,
USA) was used. The preparation of the vesicle suspension
was as follows. DPDAP (10 mg) was dissolved in
chloroform (1 ml) and the chloroform was evaporated
completely. Deionized water (2 ml) (MilliQ) was added to

Table 1 Approximate dimensions of microtubules and kinesin and
their subunits

Molecule Size

8 X4 X4 nm

4 nm diameter

30 nm outer diameter
6% 3.5% 3 nm

80 nm length

Tubulin heterodimer
Protofilament
Microtubule
Kinesin headgroups
Kinesin dimer




the totally dried out lipids and incubated at 40 °C for 2 h
for soaking. Then the suspension was sonicated in a trunk
sonicater (UW 70, Bachhofer, Reutlingen, Germany) for
10 min to obtain small vesicles (less than 500 nm in di-
ameter). Vesicle fusion on mica was done for 12 h at
70 °C. The sample was rinsed in deionized water to re-
move excess material and was then used for the adsorption
of microtubules. The sample was never allowed to dry.

Preparation of microtubules

Tubulin was purified from pig brain following the pro-
cedure of Williams and Lee (1982) and aliquots of 100 pl
(at a concentration of 4 mg/ml) were stored at —80 °C.
The aliquots were thawed on ice for 1 h and centrifuged
at 100,000 g at 4 °C to remove contaminants and
polymerized material. Then 1.2 mg/ml tubulin was
polymerized in PEM 50 buffer (50 mM PIPES = piper-
azine-N, N’-bis[2-ethanesulfonic acid], 1 mM EGTA,
2 mM MgCl,, 2 mM NaNj3, pH 6.8 with 10 uM taxol) at
37 °C for 30 min. The tubulin solution was allowed to
polymerize for an additional 12 h at room temperature
after it was removed from the waterbath. The polymer
solution was centrifuged for 30 min at 14,000 rpm (room
temperature, Eppendorf, 5415 C, table top centrifuge) to
remove unpolymerized tubulin. The supernatant was
discarded and replaced by the same volume of pure
PEM 50 buffer at pH 6.8 and 3 uM taxol and the pellet
was resuspended. Then 10 pl of this solution were ad-
sorbed for 10 s on DETA-coated cover slips or on
DPDAP coated mica (see above) and rinsed vigorously
with PEM 50 buffer containing 3 pM taxol. The sample
was never allowed to dry.

Preparation of kinesin-decorated microtubules

Microtubules were prepared as described above. After
the centrifugation at 14,000 rpm with the table top cen-
trifuge, 10 pM  5’-adenylylimidodiphosphate (AMP-
PNP) and 0.5 mg/ml kinesin were added. The kinesin
construct K595H (Yang et al. 1990) was used for the
experiments. This is a mutant from Drosophila contain-
ing 595 amino acids expressed in Escherichia coli with a
molecular weight of 70 kDa. The protein solution was
frozen in liquid nitrogen until it was used for the deco-
ration experiments. After carefully thawing the solution
it was incubated with the microtubules for 2 h prior to
imaging with the AFM. Then 10 pl of this solution were
adsorbed for 10s on DETA-coated cover slips (see
above) and rinsed vigorously with PEM 50 buffer con-
taining 3 uM taxol. The sample was never allowed to dry.

AFM imaging

AFM was performed with a commercial microscope
(Nanoscope IIT A, Digital Instruments, Santa Barbara,
Calif., USA), which could be operated in tapping mode
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in liquids (Hansma et al. 1994). In this mode, less
damage occurs to soft samples. The cantilever is mod-
ulated sinusoidally at high frequencies (between 8 and
35 KHz, amplitude about 5 nm). The cantilever re-
sponse depends on the distance between tip and sample.
The cantilever response is used as the input to a feed-
back loop, adjusting the piezo height such that this
amplitude stays constant while tracing the surface. This
mode is analogous to the constant deflection mode in
conventional AFM. Various types of tips were used:
SizNy tips (oriented twin tips, 200 um long and 12 pm
wide, Digital Instruments, Santa Barbara, Calif., USA
and microlevers 180 um long, 18 pm wide, Park Scien-
tific Instruments, Sunnyvale, Calif.,, USA) and silicon
tips (Ultralevers, 180 um long, 18 pm wide, Park Sci-
entific Instruments). The tapping frequencies ranged
from 8 to 35 kHz.

Results and discussion

After the invention of the tapping mode in liquids for
AFM imaging (Hansma et al. 1994) it became possible
to image even single proteins in buffer solution. The
resolution varies depending on the protein (Fritz et al.
1995b; Schabert and Rabe 1996), the pH and the ionic
strength of buffer solution used. For AFM imaging,
samples have to be immobilized at a surface. This sur-
face should be very clean and flat. The sample can be
immobilized by chemical or physical interactions. For
chemical covalent linking of a molecule to a surface
there has to be (in most cases) at least one additional
layer between the solid surface and the sample (Karrasch
et al. 1993, 1994). This leads usually to a softer sample
which might reduce resolution. For physical bonds,
electrostatic forces are the most promising interactions
to bind a biological sample to a surface. As most of the
available flat solid surfaces for AFM imaging are neg-
atively charged, a low pH it is useful to make the pro-
teins more positively charged. Also a low concentration
of the electrolyte in the buffer solution favors the im-
mobilization of proteins. As the function of proteins
depends also on certain buffer conditions (e.g. most of
them favor pH 7), one has to find conditions which serve
the function of increasing the electrostatic interactions
of the proteins with the support and also keep the pro-
teins native and functional.

Resolution of AFM images

The lateral and vertical resolution in AFM depends on
several factors. One of them is the tip geometry. This will
be discussed in the first ““‘microtubules” section below.
Other factors are the applied or inherent forces between
tip and sample. Electrostatic and/or van der Waals forces
affect the minimum force which can be applied to
the sample. Electrostatic forces influence, for example,
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the adsorption strength of a molecule and therefore the
lateral and vertical resolution. High attractive van der
Waals forces between the tip and a soft sample would very
likely lead to a lower resolution than small van der Waals
forces because they push the tip down to the sample.

Hence the resolution in AFM imaging depends on the
sample, the buffer conditions and the tip which is used.
This is different to the resolution following Abbe’s
equation for light microscopy. However, the AFM tip
not only ‘“‘detects” topographic structures but resolves
true distances between structures.

The supporting silane surface

Several supports with different surface properties were
tried to adsorb microtubules. At pH 7, microtubules are
netto negatively charged hollow cylinders which do not
adhere strongly enough to negatively charged surfaces
like mica, glass or silicon oxide for AFM imaging in
buffer solution (Vinckier et al. 1995). Glass surfaces can
be coated with different silanes with a variety of different
headgroups. We tried hydrophobic silanes and positively
charged silanes. All of them make a covalent contact to
the glass surface and polymerize laterally to form an al-
most crystalline layer on the surface. This is very im-
portant in order to obtain a rigid and dense surface
coating. A soft layer underneath the adsorbed microtu-
bules would decrease the resolution. Dimethyldi-
chlorosilane and octadecyltrichlorosilane as hydrophobic
substrates did not help to adsorb the microtubules. 4-
Aminobutyldimethylmethoxysilane, a silane with a

headgroup with one positive charge, was also not a useful
substrate to immobilize the microtubules. Only a very
dense packing of positive charges made it possible to
bind the microtubules to the surface for AFM imaging: a

»
»

Fig. 2A-D Microtubules adsorbed onto DETA imaged in buffer
solution by AFM. The imaging was done in tapping mode. A
Overview in the height signal: the silane DETA bound to a glass
surface has a head group with three positive charges, making the
surface densely positively charged. The negatively charged microtu-
bules adhere nicely to the silane. They have a height of 30 nm which
corresponds to the diameter of microtubules. The imaging was done
with a silicon nitride cantilever. B Error signal of a close-up view of a
microtubule. This shows the small corrugations on the molecules;
there is no information on the height of the structures. The arrows
indicate the protofilaments. The imaging was done with a silicon
nitride cantilever with an ebd tip. C Overview of microtubules in the
error signal where part of the upper half of the cylinder is broken
(arrow). The imaging was done with a silicon nitride cantilever with an
ebd tip. D Close-up view in the error signal of a microtubule where the
upper part is broken. This makes it possible to look “inside” the
microtubule. The inner surface is more rugged (arrows) than the outer
one. The imaging was done with a silicon nitride cantilever with an
ebd tip

cover glass coated with the silane DETA. The headgroup
carries three amino groups which are all positively
charged at the given pH of 6.8. The silane molecules build
a dense layer on the glass surface, assuming that they are
polymerized laterally. In Fig. 1 an AFM image of one of
our samples of a typical surface coated with DETA is
shown; in Fig. 1A an overview of the surface is shown.
The entire surface is coated and there are no visible holes
or defects on this scale. In Fig. 1B a zoom-in on the same
surface is shown. A crystalline lattice of DETA molecules

Fig. 1A, B AFM images of a DETA-coated cover glass. The imaging
was done in contact mode with a silicon nitride cantilever. A Large
scale image of the surface. Note that there are no visible defects or
holes on this scale. The root mean square is 0.3 nm. B Molecular
resolution on a zoom-in of the same surface. There is a thermal drift
on part of the sample which can be seen in the parallel lines at the
lower third of the image. The upper part shows the silane molecules in
a dense packing arrangement

TR T T




is slightly visible, indicating a very dense packing of
positive charges.

The silane surface described above and a lipid bilayer
of positively charged lipids (described in the Materials and
methods section) can be used to immobilize microtubules.

Microtubules adhere to a positively charged silane
or lipid

Microtubules stabilized with taxol bind to the positively
charged silane DETA. In order to obtain a good dis-
tribution of filaments bound to the surface, a high

concentration of microtubules has to be incubated at the
surface for a very short time. Using a lower concentra-
tion than 1 mg/ml leads to a surface covered with
tubulin monomers and there is no space left for the
microtubules. This is because the smaller monomers
diffuse much faster than the larger polymers. In order
not to overload the sample because of the high con-
centration of proteins the incubation time has to be only
a few seconds. Usually single globular proteins are
adsorbed at a concentration of about 1 pg/ml to a sur-
face and the incubation time is 30 min. In Fig. 2A an
overview of randomly distributed filaments is shown.
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Microtubules are very rigid structures with a persistence
length of 2 mm; thus they should not bend on the length
scale of several micrometers. However, occasionally we
observed bending on the length scale of a few microm-
eters (e.g. Fig. 2A, lower right). The microtubules im-
aged in AFM tapping mode in liquids do have a height
of about 30 nm, which corresponds very well to electron
microscopic data of cross-sections of microtubules
(Mandelkow et al. 1986). On this scale there is no
substructure visible and we could not resolve any sub-
structure on a smaller scale with tips usually used for
AFM imaging like silicon nitride or silicon tips (see
Materials and methods section). The apparent diameter
of the microtubules is between 80 and 120 nm. This is
due to the “tip broadening” which can be attributed to
the finite size of the tip raster scanning the surface

(Fig. 3).
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Fig. 3A, B Sketch of an AFM tip scanning a sample. A Sketch of an
AFM tip with a radius R scanning a sample with a radius r. The
apparent width of the rasterscanned structure is d. B Sketch of an
example of “tip broadening” of microtubules with a diameter of
30 nm, scanned by a tip with a radius 35 nm. At the bottom a
resulting scan line is shown

The “‘tip broadening” can be calculated as follows:

d=4xvVrxR (1)

where d is the apparent width of a feature, which is
approximated by a sphere of radius r and scanned by a
tip with the radius R (Fig. 3).

From the measured widths of the microtubules (80—
120 nm) we can calculate the effective radii of our AFM
tips: 25-60 nm. However, lateral resolution depends on
the overall height corrugation. On a flat periodic
structure like a two-dimensional array of proteins,
resolution can be better than 1 nm (Miiller et al.
1995a). The same is true on top of a microtubule. Even
when the tip broadening of the entire microtubule is
severe, it is conceivable to resolve individual protofila-
ments on top of this broadened structure. On a flat
surface, periodicities have to be reproduced exactly, no
matter how large or small a tip is. However, on the
curved surface of a microtubule the distance between
adjacent protofilaments will also be distorted, as can be
seen in Fig. 2.

The radius of AFM tips can be optimized by using
electron beam deposited (ebd) tips (Keller et al. 1992).
These tips are grown in the vacuum chamber of a
scanning electron microscope by focusing the electron
beam on top of a silicon nitride or silicon tip without
scanning. Usually those tips, grown from residual pump
oil in the chamber, are sharper than the silicon nitride or
silicon tips. When imaging microtubules with ebd tips
some longitudinal structures become visible (Fig. 2B—
D). The number of these structures and their size indi-
cate that they are the protofilaments (Fig. 2B, arrows).
Some of the protofilaments stick up higher than the
others. We think that the protofilaments became sepa-
rated at the end of the microtubule. The protofilaments
consisting of o- and f-tubulin subunits are about 4 nm
in diameter. Our AFM images in buffer solution of the
inner and outer part of the microtubules show that the
inner surface is more corrugated than the outer one
(Fig. 2C and D). The longitudinal rows can only be
detected at the inner surface (Fig. 2D, arrows). As both
surfaces have been raster scanned with the same tip, it
can be discounted that the differences are due to
different tip geometries. This has also been observed by
high-resolution electron microscopy (Nogales et al.
1995). The profile of the «- and f-subunit of tubulin has
been shown to be more rugged at the inside of the
microtubule wall whereas at the outside the microtu-
bules present a smoother surface (Nogales et al. 1997).

Another surface to adsorb microtubules onto can be
created by the fusion of positively charged lipid vesicles
(Zantl et al. 1999). After the fusion on the solid sup-
port a lipid bilayer is formed which in the case of
DPDAP is in the crystalline phase, exposing a dense
layer of positively charged headgroups. As the fusion
takes place in deionized water and the imaging of
microtubules has to be done in buffer solution, the
characteristics of the surface change slightly. Small



Fig. 4 Microtubules adsorbed onto DPDAP imaged in buffer
solution by AFM. The imaging was done in tapping mode with a
microlever. The height signal is shown. Note the holes in the DPDAP
bilayer (arrows) where the microtubules do not adhere. The
microtubules are not very strongly attached to the surface and only
short parts can be imaged

defects appear in the lipid surface (Fig. 4, white
arrows). The resulting lipid bilayer is a convenient
surface to which the microtubules can adsorb, but it is
much less stable than the silane surface. This is mainly
due to the defects which grow over time.

The microtubules immobilized on the lipid surface
exhibit the expected height of about 30 nm and are
therefore presumably intact, but they are very short
(Fig. 4). This might be due to defects where they fail to
adsorb. Looping into the buffer volume might lead to
their damage and/or braking during scanning. Further
scanning leads to greater damage of the lipid layer and
therefore also to damage of the microtubules.

When the support has a hydrophobic appearance like
from outdated DETA surfaces, ‘‘sheets”” appear
(Fig. 5A). They are strongly attached to the support.
These sheets are very flat (their height is about 4 nm)
and have a width of about 100 nm, which can be seen
clearly in the line plot where an intact microtubule is
compared with a flat microtubule “‘sheet” (Fig. 5B).
This appearance might be due to the splitting of the
microtubule cylinder at a distinct seam, where the
binding forces between the protofilaments are reduced
(Mandelkow et al. 1986). The geometry of the imaged
“sheets” in Fig. 5 fits very well the idea of the split
microtubules lying flat on the support. As we have never
seen any substructure on those ‘‘sheets” it might be
possible that the adsorption on the hydrophobic surface
leads to the denaturing of tubulin.

25 ——
20 44— —
= intact microtubule
15 =flat microtubule sheet

height [nm]

T T T
100 200 300 400 500
position [nm]

Fig. 5A, B Microtubules adsorbed onto outdated DETA imaged in
buffer solution by AFM. The images show the error signal.
The imaging was done in tapping mode with a microlever. A The
elongated structures do have a flat appearance and the width is about
100 nm, corresponding to a cylinder opened at a seam and pressed
down by interaction forces to a surface. The height of the flat
“microtubules” is 4 nm, which is the diameter of a tubulin monomer.
The black bar in the upper middle section shows the line for the line
plot in B. B Line plot of an intact microtubule (thin line) and a flat
microtubule “sheet” (bold line)

Microtubules can be decorated with kinesin
and imaged by AFM in buffer solution

When kinesin molecules are incubated with microtu-
bules in the presence of the non-hydrolyzable ATP
analog AMP-PNP, it binds irreversibly to the microtu-
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bules (Hirose et al. 1995). The kinesin-decorated mic-
rotubules adsorb very tightly to DETA-coated cover
glasses (Fig. 6). As the ratio of kinesin to tubulin during
incubation was 1:10, the microtubules are covered with
kinesin molecules (Fig. 6, white arrows). The decoration
of the microtubules with kinesin molecules makes visible
the pitch of the tubulin monomers in the polymer. The
elongated substructure of the protofilaments disappears
and cross stripes appear with an angle of about 10-20°
to the normal of the microtubule axis. Kinesin molecules
bind to one tubulin dimer and seem to be concentrated
over one monomer (Kikkawa et al. 1995), the f-subunit
(Hoenger et al. 1998).

One prerequisite for imaging motor protein activity is
the stability of the proteins adsorbed to the solid support
(Radmacher et al. 1994; Fritz et al. 1995b). To test the
stability, kinesin-decorated microtubules have been ad-
sorbed on DETA-coated cover glasses (Fig. 7). In order
to obtain to a reasonable scan speed the resolution of the
image has to be reduced to 128 x 128 pixels. With a
scan speed of 100 Hz this results in 1.3 s per image. As
can be seen in Fig. 7, the kinesin appears as small
“blobs” on the microtubules. These “blobs” and the
microtubules can be imaged very stably even at this high

Fig. 6A, B Microtubules decorated with kinesin adsorbed on a
DETA-coated cover glass. The imaging was done in tapping mode
with a silicon nitride cantilever with oriented twin tips. A Height
image of kinesin-decorated microtubules in buffer solution. The
kinesin attached to the microtubules appears as small globular
“blobs”. B Parallel error signal of A. The fine corrugations on that
image show stripes running perpendicular to the microtubule polymer
(white arrows). This indicates the lining-up of the tubulin subunits (in
this case the angle is on the order of 10-20°) which are now more
pronounced than the protofilaments (Fig. 2) owing to the decoration
with kinesin

>
Fig. 7A-L. Movie of kinesin-decorated microtubules over 30 s. The
imaging was done in tapping mode with a silicon nitride cantilever
with oriented twin tips. A-L Subsequent images of kinesin decorated
microtubules in buffer solution. The kinesin was bound in the
presence of AMP-PNP to the microtubules. Each image consists of
128 x 128 pixels. The imaging speed was 100 Hz, resulting in 1.3 s
per image. Only those images were taken where the area was scanned
from top to bottom, resulting in a gap between the images of 1.3 s. A
small drift of the image can be seen (e.g. note the structure at the
arrow in A and L)

scan speed (the usual scan speed for high resolution is on
the order of a few hertz). There is no distortion detect-
able and each structure on an image appears also on the
next one. Only a small drift can be observed (e.g. for
comparison: Fig. 7A and L, arrows). This shows that it
is possible to image kinesin-decorated microtubules for a
long time without any damage. Our following experi-
ments will be to directly observe the movement of
kinesin along microtubules with the AFM in order to
find out how kinesin molecules move over the microtu-
bules and obtain some evidence about the chemo-
mechanical coupling.

Conclusions

We used several different substrates and different buffer
solutions to immobilize single protein molecules

(Table 2). Microtubules especially do need a very defined
substrate with a high density of positive charges. The
buffer conditions for imaging turned out to be useful in
the range of 50 mM PIPES but we did only vary the
ionic strength between 50 and 80 mM PIPES. The ten-
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Table 2 Substrate and buffer conditions for the adsorption of
microtubules

Protein Substrate Buffer Appearance
conditions
Microtubules ~ Mica PEM 50 No adsorption
Microtubules  OTS PEM 50 No adsorption
Microtubules DMS PEM 50 No adsorption
Microtubules DETA PEM 80 Weak adsorbed
microtubules
Microtubules DETA PEM 50 Intact microtubules
Microtubules DPDAP PEM 50 Short microtubules
Microtubules DETA PEM 50 Flat microtubule
outdated “sheets”

dency is very clear: the lower the ionic strength, the
better is the immobilization of the microtubules and the
better is the resolution. The same substrate and buffer
conditions could be used for kinesin-decorated micro-
tubules.

We have shown that native microtubules and native
kinesin-decorated microtubules can be imaged stably in
buffer solution with a lateral resolution up to about
5 nm. It is conceiveable that the lateral resolution can be
further increased by using plasma etched ebd tips
(Wendel et al. 1995). The vertical resolution is a few
angstrom and therefore gives us the subject for our next
experiments: imaging the movement of kinesin directly.
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